[image: image15.jpg]



NEU A1.3 Sampling & Chemical Analysis Cookbook

Version 1.3, June 2007
Table of Contents to do any volunteers?
I have colour coded the headers, which should appear in the table of contents list, the colour ranking of the headers is red>blue>grey-purple>pale-blue>purple
This cookbook is an ongoing project and throughout the NEU project more methods will be added and existing methods edited. Please send comments and descriptions of methods to ums@ceh.ac.uk 

Introduction

This cookbook is a compilation of methods commonly used for the mandatory measurements required at NEU Level 3 sites.  In some cases, more than one method is described. This is in recognition that the best method to use may be defined by the site characteristics, and also by the availability of staff, instrumentation and financial resources. Thus, this cookbook does not seek to define a common methodology for all variables, but to offer guidance and support for those who may be new to some of these measurements. 

It is recommended that each site should compile a standard operating procedure for all measurements carried out that site, detailing the sampling and analytical procedures. 

The methods and instruments used at each site will be summarised in an spreadsheet which will be available on the website. This will allow partners to discover who is using similar methods and instrumentation, so they support each other in troubleshooting or development of best practice. 

Highest priority in description given to variables which were either optional or absent in the CarboEuropeIP protocol. These are:

	Atmospheric concentrations
	Nitric oxide (NO) 

	
	Nitrogen dioxide (NO2) 

	
	Ozone (O3) 

	Soil Fluxes 
	Soil nitric oxide (NO) 

	
	Soil nitrous oxide (N2O)

	
	Soil methane (CH4) 

	
	Nitrate (NO3-) leaching

	Soil parameters
	Soil  mineral N 

nitrate (NO3-) and ammonium (NH4+)

	Vegetation
	Leaf tissue C

	
	Leaf tissue N


Above-Canopy Parameters

Latent heat, carbon dioxide, sensible heat and momentum flux. Methodologies are the same as for Carboeurope. Relevant literature is, for example:

1) Handbook of Micrometeorology: A Guide for Surface Flux Measurement and Analysis, Series: Atmospheric and Oceanographic Sciences Library , Vol. 29 Lee, Xuhui; Massman, William; Law, Beverly (Eds.) 2004, XIV, 250 p., Hardcover,ISBN: 1-4020-2264-6 

2) M. Aubinet1 

, P. Berbigier2, Ch. Bernhofer3, A. Cescatti4, C. Feigenwinter5, A. Granier6, Th. Grünwald3, K. Havrankova7, B. Heinesch1, B. Longdoz6, B. Marcolla4, L. Montagnani8, 10 and P. Sedlak9: Comparing CO2 Storage and Advection Conditions at Night at Different Carboeuroflux Sites, Boundary-Layer Meteorology, Volume 116, Number 1 / July, 2005, p 63-93
Nitric oxide, nitrogen dioxide and ozone concentration

Set up and operation of continuous O3 or NOx analysers.

The following is a general description of how to install and run a UV or chemiluminescent gas analyser for monitoring ozone or NOx respectively:
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Please refer to your instruments manual first for specific instructions that may be relevant.

Siting: Most analysers are designed to fit in a standard 19 inch rack or can be placed on a bench. Ensure there is enough clear space (~5 cm) round the instrument to allow a flow of air and help keep it cool, its also useful to have fairly easy access to the rear. Some NOx analysers require an external pump, in this case some additional rack or floor space will be needed.

Inlet line: The inlet line should be made of ptfe or Teflon and be fitted with a ptfe filter (most instruments have ¼ inch sized fittings and may have a built in filter). If only the instruments internal pump is being used the line must not be more than ~5m long (refer to your manual) to avoid pressure changes which will affect the calibration and reduce the lifetime of the pump. If a longer line is required an additional ptfe pump should be used, use a t-piece to vent any excess air. To prevent any water getting in, the intake should point downwards and be shielded with a funnel or something similar. The height of the intake depends on the application but for general monitoring of boundary layer concentrations about 3 m is standard. Try to ensure the inlet is not close to any sources of interference, eg vehicle exhausts.

Setup: Most analysers allow for a range of possible concentrations. Set yours to something appropriate to your location eg remote northerly background area O3 ~200 ppb, NOx 100 ppb, mid-latitude urban O3 ~200 ppb, NOx 500 ppb. If an analogue output is logged the range will affect the multiplier required by your datalogging system, eg range 0-200 ppb, analogue output 0–5 V, multiplier 200/5000 = 0.04 ppb/mV.

Maintenance and calibration: Most analysers require only annual servicing and little ongoing maintenance. Routine (weekly) checks should be made

No faults reported by the instrument

Status of the instrument (eg flow rate, voltages, lamp intensity, converter efficiency)

The inlet line is clean and unobstructed

Any external pumps are operating efficiently

A full multi-point calibration is recommended before the instrument is put into operation. Checks on the zero and span should be made monthly with a full calibration every 3 to 6 months or when the instrument removed.

The inlet filter should be changed regularly, every 2-3 moths depending on how dirty the site is.

Wet Deposition`
Bulk wet deposition

Amount: By standard tipping bucket rain gage

Bulk ammonium and nitrate wet deposition:

Precipitation is collected in a bottle, with a defined horizontal opening; ammonium and nitrate concentrations in the sampled precipitation are determined by chemical analysis. The methods of analysis are:   

	METHODS

	Component or parameter
	Recommended methods
	Alternative

	Ammonium ion (NH4+)
	Ion chromatography
	Spectrophotometry (indophenol blue colour reaction)

	Nitrate ion (NO3-)
	Ion chromatography
	Reduction to nitrite and diazotation


Frequency of sampling: Monthly, but for agricultural soils the frequency is increased to weekly measurements after events that are likely to change the N cocnentrations in deposition (fertilisation, manure spreading)

Rain collecting procedure 

(from EMEP protocol, with very minor alterations to simplify the procedure or clarify): 

All materials that come in contact with the sample must be chemically inert. Polyethylene, tetrafluoroethylene and tetrafluoroethylene-fluorinated ethyl​propylene copolymer are generally recommended because of their excellent chemical properties. The mechanical properties of these materials must be taken into account in the construction of samplers, however. Polyethylene may become brittle when exposed to sunlight, and should be replaced after 1 year of use involving exposure to sunlight.

The diameter of the collector should be around 20 cm. If a funnel is used, there should be a vertical section of at least 5 cm height.

In order for the sample not to be contaminated from the ground during heavy rain, the rim of the funnel should be positioned 1.5–2 m above the ground level.

Sampling procedure: 

Sample collection involves transfer of the sample to a sample storage and transport bottle, measuring the sample volume, and cleaning of the equipment, which has been used.

1.
Collect the equipment needed for change of samples. Label the storage and transport bottle with station code and name, and start and end of the sampling period.

2.
If there is any chance for the operator to touch the inside of the collecting funnel, disposable polyethylene gloves should be put on.

3.
Exchange the collection bottle in the precipitation sample collector and put on a screw-stopper. Check that the collection equipment functions correctly by putting a drop of water on the precipitation sensor. Examine the collector funnel for visible contamination such as insects, leaves or tree-needles, organic debris. If this is found, remove the contamination and rinse with distilled water. The collecting funnel should be rinsed with distilled water after each sample collection. After the distilled water has drained off, put on the new collection bottle.

4. Take the collection bottle to the laboratory and weigh the bottle. Transfer a suitable aliquot (50-100ml) to a very clean and labelled storage container. 

Alternatively in the field, transfer a subsample of known volume (50 –100 ml) into a very clean and labelled storage container. Then measure the volume of the remaining rain collected in a graduated cylinder. Use a large cylinder (0-250 ml) for large samples, and a small (0‑25 ml) cylinder for small samples). 

5.
Pour out the remainder of the sample, rinse with distilled water and place the collecting bottle upside down in a clean place to dry. Also rinse the graduated cylinders.

6.
Take off and discard the disposable plastic gloves.

7.
Fill in the field sample registration form, and take time to record usual and unusual events which may have influenced the sampling. Examples are given below (these should be elaborated for each site, because of the different conditions):

· Visible contamination of the sample or the collection funnel (describe the contamination, see 3 above)

· Agricultural tilling and sowing (in the surroundings or on adjacent fields).

· Fertilizing

· Liming

· Manure spreading

· Burning of stubble, or other fires in the area

· Construction work

· Unusual smell, (try to describe the smell)

· Strong haze (visibility)

· Pollen

· Visible deposition of dust

· Strong winds, e.g. in connection with thunderstorms.

Quality Control:

Results should also be compared with the site operator's notes, to see if untypical results are due to special activities or conditions at the site. If it is decided to reject or to correct data, the reason for the correction should be stated, and the data should be flagged. Examples of such permissible corrections may include contamination from nearby fields due to manuring or tilling, high concentrations of potassium and ammonium indicating contamination by bird droppings, a.o. Such samples should be excluded from the calculation of monthly, or yearly weighted mean concentrations.

Comparison of reported sample volumes with daily precipitation amounts from a standard meteorological rain gauge at the site is strongly advised, since this gives an independent control of the sample collection.

Sample transportation

The transportation time should be as short as possible and the samples contained together with freezer packs in insolated boxes. In the laboratory samples should be stored at at 4oC and unless the samples are analysed on the same day for NH4+ and NO3- they should be filtered (poresize = 0.45 micron).

Preservation of sample during sampling using Thymol

Given the lability of nitrogen-containing solutes, it is advisable to prevent biological degradation of the sample during (and after) sampling by the addition of a biocide. The recommended biocide is thymol (5‑methyl‑2‑[1 ‑methyl]phenol). Suitable precautions must be taken when using this biocide, because of the risk of damage to the eyes from splashes; it is described as ‘harmful’ and appropriate regulations for the control of harmful substances must be observed, particularly with respect to handling and labelling samples containing thymol. Before use, the possibility that thymol interferes with the particular chemical analytical process to be employed should be checked. The following guidance is provided:

HAZARD:

Thymol (5‑methyl‑2‑[1 ‑methyl]phenol) is a colourless crystalline solid at room temperature, with a high vapour pressure (melts at 49oC). It is classified as Harmful. It is harmful by inhalation, by contact with skin, and if swallowed. It is irritating to the eyes, respiratory system and skin, with risk of serious damage to eyes. Long-term exposure may lead to liver and kidney damage.

Avoid contact with skin, ingestion, and inhalation of vapour. In particular, avoid contact with eyes (including wiping eyes with hands during/after handling). In case of contact with eyes, rinse immediately with plenty of water and seek medical advice.

METHOD OF USE:

Thymol is used as a biocide to preserve water samples in the field. Thymol is added to collecting vessels (bottles) as a solid, or (more usually) as a solution in methanol, at an amount equivalent to 50mg/litre bottle capacity. The methanol solution should be 25g/500ml, with 1 ml solution added to 1 litre sampling bottle, and pro rata for other sizes of bottle. The methanol evaporates to leave the solid in the sample bottle; it is only sparingly soluble in water, and remains in the sample bottle during collection of precipitation.

Use gloves and spectacles when handling the solid or solutions, and avoid breathing the vapour. 

In the laboratory, always handle and manipulate the solid, and solutions containing thymol, in a fume cupboard (except when weighing exact amounts, which should rarely be required). 

Avoid spillage, and clean up any small quantities immediately using a wet paper towel. For large spillage outside a fume cupboard, evacuate room; wear charcoal filtering breathing mask, goggles and gloves, and sweep solid into plastic bag for sealing and disposal. 

Do not handle in a confined space. Wash hands after use.

Be careful when handling water samples preserved with thymol to avoid splashing on skin and in eyes.

Wear gloves and spectacles.

All sample bottles should be marked with a self‑adhesive hazard warning sticker and label stating that they contain thymol.

Sample filtration: for large volumes, a vacuum filtration assembly should be used in a ventilated fume cupboard. Individual samples filtered using a syringe filter may be handled with care on the bench in a well-ventilated laboratory, but any use of solutions should ideally be in a fume cupboard. 

The smell of thymol is distinctive, and will inform the user if ventilation is adequate. Do not work for long periods in a room where the smell of thymol can be detected. 

Waste solution must be stored in sealed bottles (e.g. empty Winchester) and disposed of as below. Minimise exposure of solutions to the atmosphere. Waste syringes, filters etc. should be sealed in bags, and not deposited in the normal laboratory waste bin. The sealed bags may then be placed in the normal refuse bins outside the building (but note procedures below for disposal of solid waste thymol).

FIRST AID PROCEDURES:

Standard procedures should be followed:

skin contact: wash copiously with water and soap; eye contact: use eyewash bottle then seek medical advice

ingestion: do not induce vomiting. Wash out mouth. If swallowed, drink 250 ml water and seek further medical advice.

SPILLAGE: see above - wear gloves and spectacles, avoid dust, wash with water. If large quantities, evacuate room, clearly mark the room as a ‘no-go’ area, until the spillage has been cleared up and the vapour dispersed. Use a charcoal-filter breathing mask and goggles when clearing up. All non-minor spills should be notified to the Local Safety Adviser immediately.

STORAGE: closed bottles of solid reagent should be stored in a secure cupboard. Sealed waste bottles and sample bottles containing thymol should be marked as “Harmful, contain s thymol”

DISPOSAL: in aqueous solution, pour out and bury at a safe approved site, not into the main drainage system;

as solid, store and dispose of through specialist company.

Throughfall  

A minimum of 3 collectors distributed underneath the tree canopy. The collectors should together collect over an area of 1 m2. They can be funnels or gutters (on a slope) collecting the throughfall into a vessel capable of holding the maximum monthly rainfall/ area. A coarse filter (glasswool or fine net curtain) at the entrance into the collecting vessel to exclude larger insects, leaves etc to be collected. A biocide (thymol) added to the vessel will reduce microbial growth. BUT thymol can potentially damage ion exchange columns, so please check with your instrument if thymol can be used.
The volume of throughfall collected is measured monthly. A subsample (max 100 ml) is taken for analysis of NH4+ and NO3-, pH and conductivity. Unless the sample is analysed on the same day, it should be filtered (pore size = 0.45 micron) and stored at 4oC.

Stemflow 
Stemflow represents the net integration of precipitation, dry deposition to the canopy, canopy and bark exchange and interactions with epiphytic species eg lichens and possibly microbial transformations. It can be quantified by collecting the water flowing down tree trunks, using gutters/collars, wrapped several times round the trunk to intercept the gravitational flow of water. Collars are attached at 1.5 m from the ground to the tree by clips and silicon used to fill in the space between the bark and tubing.

 A 25 mm (external diameter) clear polyethylene tube with rectangular slots (c. 4 cm in length cut at intervals of 10 cm along the tube), is wound around the circumference of the tree at a slight downward angle to allow precipitation flow. The tube is held against the trunk using cable clips and sealed using a non-toxic silicone sealant (Dow Corning 738). An additional ridge of sealant is applied to the outer edge of the tube creating a channel, which directs the precipitation flowing down the tree trunk into the rectangular slots. The two ends of the tube were joined by a 22 mm T piece, which was connected to a tube leading into a 99 l black plastic collector. The precipitation was filtered through a polypropylene gauze filter to remove any invertebrates or plant debris. Thymol was added to the collector to inhibit microbial growth (Hadi & Cape 1995). Depending on the rainfall volume, canopy size and collection interval volumes may be quite large > 50 l wk-1, a plastic dustbin is a good receptor. If it is not graduated, then a measuring stick can be used, that has been calibrated after a subsample of ~100 mls has been removed, to measure the volume.  It may be necessary to add a preservative,  if the samples are likely to heat up above 5-10 oC.  T he subsample should be filtered 0.45 µm placed in a clean, dated, labelled bottle, stored at <4 oC in the dark for analysis.

Hadi, D.A., Cape, J.N. 1995. Preservation of throughfall samples by chloroform and thymol. International Journal of Environmental Analytical Chemistry. 61 103-116.

Mitchell, R.J., Truscott, A.-M., Leith, I.D., Cape, J.N., van Dijk, N., Tang, Y.S., Fowler, D., Sutton, M.A., 2005. A study of the epiphytic communities of Atlantic oak woods along an atmospheric nitrogen deposition gradient. Journal of Ecology 93, 482-492.

Chemical analysis of wet deposition

Determination of sulphate, nitrate, chloride, ammonium, sodium, potassium, calcium, and magnesium with ion chromatography 

Extract from the EMEP Manual for sampling and chemical analysis, revision November 2001. 

Scope and Application

Ion chromatography can be used for the determination of the ions in the following samples:

· Precipitation

· Extracts of aerosol filters

· Extracts of impregnated filters

· Extracts of coated denuders

The pretreatment of the samples before analysis is described together with the sampling in the preceeding Sections. Special conditions for the different sample matrices are given in these Sections.

The concentration range of the method is typically 0.01–10 µg/ml.

Principle

A small volume of the sample, typically less than 0.5 ml, is introduced into the injection system of an ion chromatograph. The sample is mixed with an eluent and pumped through a guard column, a separation column, a suppressor device and a detector, normally a conductivity cell.

The separation column is an ion exchange column which has the ability to separate the ions of interest. The separation column is often preceeded by a shorter guard column of the same substrate as in the separation column to protect the separation column from overloading and particles. Different types of separation columns, eluents and suppression devices have to be used for anions and cations respectively. Each ion is identified by its retention time within the separation column. The sample ions are detected in the detection cell, and the signals produced (chromatograms) displayed on a strip chart recorder or a PC equipped with the necessary software for measurement of peak height or area.

The ion chromatograph is calibrated with standard solutions containing known concentrations of the ions of interest. Calibration curves are constructed from which the concentration of each ion in the unknown sample is determined.

Interferences

Any species with a retention time similar to that of the main ions could interfere. With the exception of NO2-, precipitation or filter extracts do normally not contain such species. Large amounts of one of the ions may interfere by reducing the peak resolution of the next ion in the elution sequence. Sample dilution can then be necessary.

In some systems the so-called negative water dip in the start of the chromatogram may interfere with the Cl- determination. This can be avoided by adding a small amount of concentrated eluent to all samples and calibration standards to match the eluent concentration.

When analyzing alkaline impregnated filters and denuders, the sample matrix may influence the shape of the chromatogram peak and give wrong results if comparisons are made with calibration standards made from pure water solutions. In some cases this can be avoided by using the peak area instead of the peak height, but using the peak area in the low concentration range may often fail.

It is strongly recommended to match the calibration solutions with the sample matrix. For some samples, e.g. extracts from impregnated filters, the sample matrix may cause a slight distortion of the chromatogram. This may cause erroneous results if the calibration solution does not have a similar ionic composition. If ordinary calibration solutions are used, it must regularly be checked if this causes a problem by using control samples with known concentration of the ions with the same matrix as in the samples. One way of doing this is to extract unexposed impregnated filters with the normal calibration standards and with the same volume of water as the samples. Analyses of these samples should not give deviating results from the calibration standard concentrations. 

Samples that contain particles larger than 0.45 µm and reagent solutions that contain particles larger than 0.20 µm require filtration to prevent damage to the instrument columns and flow systems. If the sample is left undisturbed in the sample tube for some days before analysis, these problems can be avoided by simply place an in-line filter in the tubing in front of the columns.
The presence of air bubbles in the columns, tubing or conductivity detector cell will cause baseline and peak variability. Using boiled solutions as eluents will help to minimize the introduction of air. 

Instrumentation

Different commercial instruments are available using different columns and suppressor devices. Two main types of instruments using different suppressor techniques, chemical and electronic suppression, are on the market. One example of specific equipment for each of these two types is given below. The examples below do not exclude a use of other commercial equipment which allow the analyses to be carried out with the required accuracy and precision.

The Dionex (Dionex Corporation, Sunnyvale, CA, USA) system

Modern versions of Dionex instruments are usually equipped with injection valve, pump constructed from inert material (both gradient and isocratic pumps are available), separation column, suppressor system and a conductivity detector (in some cases a UV/Vis absorbance detector may be used). The instruments may be operated with manual injection or automated using an autosampler. The chromatograms are recorded on a strip-chart recorder, an integrator or direct on a PC-based Chromatography Workstation.

The chemical suppressor in the Dionex system has undergone significant improvements during the last years, as ordinary packed ion exchange columns which had to be chemically regenerated, have been replaced initially by hollow fibre suppressors and then by micro-membrane suppressors with higher suppression capacity and a smaller dead volume. The last versions of these suppressors are equipped with a self-regenerating system based on electrolysis of water from the eluent itself.

Table 4.1.1 shows the guard columns, separation columns and suppressors which are recommended for the different sample types in 1994.

Table 0.1:
Columns and suppressors recommended by Dionex in 1994.

	
	Samples
	Separation/ Guard columns
	Suppressor

	Anions
	All types mentioned above
	AS9-SC/AG9-SC
	AMMS-II or ASRS, 4mm

	
	All samples excluding KOH-impregnated filters
	AS4A/AG4A
	AMMS-II or ASRS, 4mm

	Cations
	(Both monovalent and divalent)
	
	

	
	Aerosol filters and precipitation
	CS12/CG12
	CSRS, 4mm


Producers of ion chromatographs also specify the eluent to be used and its concentration. Therefore no specific instructions regarding eluents are given in this manual. The column is delivered with a test chromatogram showing the separation of the different ions and the retention times. When installing a new column, it should be checked if the performance is as stated in the test chromatogram.

For other details on running the instruments, reference is made to the appropriate Instrument Manual.

The Waters (Waters Association, Milford, MA, USA) system

The Waters system is an electronically suppressed system, i.e. without a chemical based device to reduce the conductivity of the eluent, but with the possibility to subtract the conductivity of the eluent.

The following description of one possible instrument set-up and column choice is given by the Air Quality Department of Finnish Meteorological Institute (FMI):

Equipment

Pump
Waters HPLC pump Model 501 


(with pulsation suppression)

Injector and autosampler
Waters Model 712 WISP and Waters Model 717 96 or 48 samples analyzed sequentially 

Detector
Waters Model 431 

Microcomputer
NEC 486/66i, 20/240
MB 

Software
Waters Maxima 820 and Baseline 

Conditions for anions (precipitation, aerosol filters and alkaline impregnated filters)
Eluent
Borate/Gluconate

In-line filter
Waters Guard Pak (0.22 µm)

Column
Precipitation and aerosol filters: Waters IC-Pak A HR


(4.6 x 75 mm, 6µm, 30 ± 3 µeq/ml)


Impregnated filters: Waters IC-Pak A (4.6 x 50 mm, 10µm, 30 ± 3 µeq/ml)

Flow rate
IC-Pak A HR: 1.0 ml/min


IC-Pak A: 1.2 ml/min

Injected volume 
20-200 µl

Run time
Appr. 16 min (Cl-, NO3-, SO4--)

Conditions for cations (precipitation samples)

Eluent
EDTA/HNO3 

In-line filter
Waters (0.22µm, Cat no. 32472, Millipore)

Column
Waters IC-Pac C M/D (3.9 x 150 mm, 5 µm, 2.0 ± 0.2 meq/ml)

Flow rate
1.0 ml/min

Injected volume 
20-200 µl

Run time
Ca. 18 min (NH4+, Na+, K+, Mg++, Ca++)

Detection limits

The analytical detection limits (in mg/l) obtained at FMI with the described equipment, defined as 2x (peakheight of lowest standard/height of baseline noise), are given in Table 4.1.2.

Table 0.2:
Detection limits for Waters systems at FMI.

	
	Detection limits
	Lowest calibration standard

	Cl-
	0.010
	0.05

	NO3--N
	0.010
	0.05

	SO4---S
	0.020
	0.05

	NH4+-N
	0.002
	0.02

	Na+ 
	0.002
	0.02

	K+ 
	0.006
	0.02

	Mg++
	0.003
	0.02

	Ca++ 
	0.005
	0.02


More practical hints on the use of the Waters system written by Anni Reissell, FMI are available from the CCC. 

Reagents and standards

All reagents must be of recognized analytical grade. The water used for dilution should be deionized and filtered. The water should have a resistance > 10 M(/cm and not contain particles larger than 0.20 µm. The sample, calibration standards and reagent solution bottles should be made of polyethylene or polypropylene. For the anions, borosilicate glass may also be used.
Eluent solutions

The chemicals and concentrations to be used are normally given by the manufacturers of the different separation columns.

 Stock standard solutions

Stock standard solutions e.g. 1000 mg (based on the element)/litre, may be purchased as certified solutions from different manufacturers or NIST (National Institute for Standards and Technology, USA), or prepared from salts or oxide dried in the prescribed way, dissolved and diluted to 1000 ml as listed in Tables 4.1.3 and 4.1.4:

Table 0.3:
Preparation of stock standard solutions. The salt amount indicated gives 1000 mg of the anions per litre.

	Salt
	Weight (g)
	Drying temp. °C
	Drying time (hours)

	NaCl
	1.6485
	150
	1

	Na NO3 
	6.0679
	105
	2

	Na2SO4
	4.4299
	105
	24


Table 0.4:
Preparation of stock standard solutions. The salt amount indicated gives 1000 mg of the cations per litre.

	Salt
	Weight (g)
	Drying temp. °C
	Drying time (hours)

	NH4Cl
	3.8190
	105
	1

	NaCl
	2.5421
	150
	2

	KCl
	1.9067
	105
	1

	CaCO3
	2.4971
	180
	1

	MgO
	1.6581
	–
	–


The CaCO3 should be added to approximately 600 ml of water. Then add concentrated hydrochloric acid (HCl) slowly until the entire solid has dissolved, and dilute to 1000 ml with water.

The MgO should be dissolved in 10 ml concentrated nitric acid (HNO3) before diluting to 1000 ml with water.

The other salts should be dissolved directly in water.

These stock standards are stable for at least 1 year.

Calibration solutions

Five calibration solutions and one zero standard (blank, normally water) are needed to generate a suitable calibration curve. The range to be used will depend on the concentration range for the different samples.

One example is given for each of the ion types:

0, 0.5, 1.0, 2.5, 5.0 and 10.0 ml of each of the anion stock standards are transferred with calibrated pipettes to 1000 ml volumetric flasks and diluted to volume with deionized water. These calibration standards will contain 0, 0.5, 1.0, 2.5, 5.0 and 10.0 mg/l respectively calculated on the basis of Cl, NO3-N and SO4-S.

0, 0.5, 1.0, 2.5, 5.0 and 10.0 ml of each of the cation stock standards are trans​ferred with calibrated pipettes to 1000 ml volumetric flasks and diluted to volume with deionized water. These calibration standards will contain 0, 0.5, 1.0, 2.5, 5.0 and 10.0 mg/l respectively calculated on the basis of NH4-N, Na, K, Ca and Mg.

If control samples have shown the necessity to match the matrix in the calibration solutions with the sample matrix (see 4.1.3 Interferences), addition of the matrix must be done before diluting to volume.

The calibration standards may be stored for 3 months in acid-cleaned polyethylene or polypropylene containers in a refrigerator. Special attention should be paid to control contamination from ammonia in the laboratory air.

Procedure

The ion chromatograph should be operated according to the manufacturers description.

The calibration solutions and control samples should be used as described in Section 5.

The width of the retention time window used to make identifications should be based on measurements of actual retention time variations of standards over the course of a day. Three times the standard deviation of a retention time can be used to calculate a suggested window size for each ion.

However, it is important to use the experience of the analyst in the interpretation the chromatograms.

Calculation of the results

The concentration of the different ions in the sample solutions are found by using the calibration curve manually or directly from a computer or integrator. To calculate the air concentrations for air samples from these values, use the appropriate formulas given in the actual sections on sampling.
References

Small, H. (1989) Ion Chromatography. New York, Plenum Press.

Determination of nitrate in precipitation

Ion chromatography is the preferred method for determination of nitrate, spectro​photometric determination either the manual or the automatic method can also be used and will give useful results. It should, however, be noted that the Griess method in both versions described in the following gives the sum of nitrate and nitrite.

The manual spectrophotometric Griess method

Field of application

This method is applicable to the determination of the nitrate content in precipitation with the range 0.02-0.23 mg NO3-N/l (0.1-1.0 mg NO3/l).

Principle

Nitrate is reduced to nitrite using cadmium treated with copper sulphate as a reducing agent, in presence of ammonium chloride. Thus, by this method the sum of nitrate and nitrite is determined.

Nitrite and sulphanilamide form a diazo compound which couples with N‑(1‑naphthyl)-ethylenediamine-dihydrochloride to form a red azo dye. The concentra​tion in the solution is determined spectrophotometrically at 520 nm.

Instrumentation

· Spectrophotometer

· Optical glass cell, 20 mm. If more than one cell is used, the cells should be matched photometrically.

· Shaking machine

· Erlenmeyer flasks:
25 ml with stoppers

· Volumetric flasks:
100 and 1000 ml

· Test tubes

· Pipettes:
1.0, 2.0, 4.0, 6.0, 8.0, 12.0 and a 20.0 ml graduated

· Micro pipettes:
100, 250, 500 µl

· pH-meter

· Beaker:
200 ml

Chemicals

During analysis, use only chemicals of recognized analytical grade. The water used for dilution and rinsing must be double-distilled or deionized and distilled.

· Ammonium chloride (NH4Cl)

· Sulphanilamide

· (1-naphthyl)-ethylenediamine dihydrochloride

· Cadmium, 40-60 mesh

· Copper sulphate (CuSO4·5H2O)

· Hydrochloric acid (HCl)

· Potassium nitrate (KNO3)

· Ammonia (NH3)

Reagents

(1)
5% ammonium chloride solution:


Dissolve 5 g ammonium chloride in water in a 100 ml volumetric flask. Adjust the pH of the solution to 8.6 using diluted ammonia. Dilute with water to the mark.

(2)
1.2 M hydrochloric acid:


Dilute 10 ml concentrated hydrochloric acid to 100 ml with water in a volumetric flask.

(3)
2 M hydrochloric acid:


Dilute 16.7 ml concentrated hydrochloric acid to 100 ml with water in a volumetric flask.

(4)
1% sulphanilamide solution:


Dissolve 1.0 g of sulphanilamide in some 1.2 M hydrochloric acid (2) in a 100 ml volumetric flask. Dilute with 1.2 M hydrochloric acid (2) to the mark.

(5)
0.1% N-(1-naphthyl)-ethylenediamine dihydrochloride solution:


Dissolve 0.1 g N-(1-naphthyl)-ethylenediamine dihydrochloride in some water, in a 100 ml volumetric flask. When all is dissolved, dilute to the mark.

(6)
2% copper sulphate solution:


Dissolve 2.0 g copper sulphate in water in a 100 ml volumetric flask, and dilute to the mark.

(7)
Reducing agent for nitrate:


Transfer 10 g of cadmium to a beaker, add 2 M hydrochloric acid (3) to cover the cadmium and stir. Rinse well with water. Add immediately 100 ml of the 2% copper sulphate solution (6), and mix well. Pour off excess of solution. Rinse with water until there is no more precipitated copper in the washing water. The reducing agent must not be exposed to the air.

(8)
Standard nitrate solution I, 1000 mg NO3/l:


Dissolve exactly 1.6305 g potassium nitrate in water in a 1000 ml volumetric flask. Dilute to the mark.

(9)
Standard nitrate solution II, 100 mg NO3/l:


Dilute 10 ml of standard nitrate solution I with water to 100 ml in a volumetric flask.

Calibration

Preparation of the calibration curve:

(1)
Transfer to 100 ml volumetric flasks 0, 100, 250, 500 and 1000 µl of standard nitrate solution II. Dilute with water to the mark and mix well. The concentration of nitrate in the five flasks are 0.0, 0.1, 0.25, 0.50 and 1.00 mg NO3/l.

(2)
By means of a pipette, transfer 4.0 ml of each of these standard solutions to a 25 ml Erlenmeyer flask. Add 6.0 ml 5% ammonium chloride solution using a pipette, and approximately 0.5 g of the nitrate reducing agent to the Erlenmeyer flask. Shake vigorously for 10 minutes. Transfer 8.0 ml of this solution by means of a pipette to a test tube. Add 2.0 ml 1% sulphanilamide solution and 2.0 ml of 0.1% N-(1-naphthyl)-ethylenediamide dihydro​chloride solution using pipettes. Mix well, and leave for 10 minutes for the colour to develop. Transfer this solution to a 20 mm cell. Measure the absorbance of the solution at 520 mn.


Prepare a calibration curve by plotting the absorbance of each of the standard solutions against its concentration of nitrate.

Analytical procedure

Transfer 4.0 ml of the precipitation sample to a 25 ml Erlenmeyer flask, using a pipette. Proceed according to Section 4.3.1.6 (2).

Convert the absorbance of the sample to mg NO3/l by means of the calibration curve. The concentration may be expressed as mg N/l by multiplying with 0.226.

Samples containing more than 1 mg NO3/l must be diluted before the analysis.

Do not waste the cadmium used in the analysis. It may be regenerated and used again.

With suitable equipment this method can be made automatic. A detailed description of the automatic method is given in Section 4.3.2.

References

Morris, A.W. and Riley, J.P. (1963) The determination of nitrate in sea water. Anal. chem. Acta, 29, 272-279.

Automatic spectrophotometric Griess method

Field of application

This method can be used to determine the concentration of nitrate in precipitation within the range 0.03-1.13 mg NO3-N/l (0.13-5.0 mg NO3/l). The method can be extended to include determination of ammonium in solutions, see Section 4.4.2 and Figure 4.3.1.
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Figure 0.1:
a)
Automatic determination of nitrate and ammonium in precipitation samples.


b)
Reduction column for the determination of nitrate in precipitation samples.

Principle

The basis principles are the same as for the manual methods (see Section 4.3.1).

Nitrate is reduced to nitrite using cadmium treated with copper sulphate as reducing agent in the presence of ammonium chloride. Nitrite and sulphanilamide form a diazo compound which couples with N-(a-naphtyl)-ethylenediamine dihydrochloride to give a red azo dye. The concentration of the nitrate in the solution is determined spectrophotometrically at 520 nm. By this method the sum of nitrate and nitrite is determined.

Instrumentation

· Peristaltic pump, 20-channels

· Automatic sampler with 4 ml cups

· Photometer(s) for measuring absorbance at 520 nm (and 630 nm if ammonium is determined with the same equipment)

· Recorder(s)

· Oil bath with thermostat, 70° C

· Flexible tubings, connecting tubes, pulse suppressors, debubblers, mixing coils and reduction column (Figure 4.3.1).

· Pipettes: 50, 25, 20, 10, 5, 2.5 and 2 ml

· Analytical balance

· Desiccator

Chemicals

All chemicals must be of recognized analytical grade. The water used for dilution and rinsing must be double-distilled or de-ionized and distilled.

· Ammonium chloride (NH4Cl)

· Ammonia (NH3)

· Sulphanilamide

· N-(1-naphthyl)-ethylenediamine dihydrochloride

· Cadmium, 40-60 mesh

· Copper sulphate (Cu SO4·5H2O)

· Potassium nitrate (KNO3)

· Hydrochloric acid (HCl)

Reagents

Reagents for the determination of nitrate:

(1)
Buffer solution:


Dissolve 100 g ammonium chloride in ca. 700 ml water in a 1000 ml volumetric flask. Adjust pH to 8.6 with diluted ammonia. Dilute with water to the mark.

(2)
Sulphanilamide solution:


Dissolve 10 g sulphanilamide in a 10% HCl solution in a 1000 ml volumetric flask. Dilute with the acid solution to the mark.

(3)
0.1% N-(1-naphthyl)-ethylenediamine dihydrochloride solution:

Dissolve 1 g N-(1-naphthyl)-ethylenediamine in some water in a 1000 ml volumetric flask. When all is dissolved, dilute to the mark with water.

(4)
Reducing agent:


Prepare a 2% copper sulphate solution. Wash the cadmium with 0.1 M hydrochloric acid and water. Add some of the 2% copper sulphate solution to the freshly washed cadmium and stir for 1–2 min. Pour off the solution and wash the reducing agent with water. Repeat until the washing water is clear. Fill the column as shown in Figure 1b. The reducing agent must not be exposed to air.


The reducing agent may be recovered in the following way:


Remove the cadmium from the column and wash with 0.1 M hydrochloric acid. Add some of the 2% copper sulphate solution and stir until the blue colour of the solution has disappeared.

(5)
Standard solutions (for nitrate and ammonium):

Standard solution I, 500 mg NO3/l and 200 mg NH4/l:


Dry potassium nitrate and ammonium sulphate for 1 hour at 105 °C, and then cool for 20 minutes in a desiccator.


Dissolve exactly 0.815 g potassium nitrate and exactly 0.735 g ammonium sulphate in water in a 1000 ml volumetric flask. Dilute to the mark with water. Store the solution refrigerated in the dark.

6)
Standard solution II, 5.0 mg NO3/l and 2.0 mg NH4/l:


Dilute 5 ml of standard solution I (5) to 500 ml with water in a volumetric flask.

Calibration and analytical procedure

Prepare a series of calibration solutions according to Table 4.3.1.

Table 0.1:
Calibration solutions for nitrate and ammonium.

	Calibration solution No.
	mg NO3/l
	mg NH4/l
	

	1
	5.0
	2.0
	Standard solution II

	2
	2.5
	1.0
	Dilute 100 ml of standard solution II to 200 ml with water

	3
	0.5
	0.2
	Dilute 20 ml of standard solution II to 200 ml with water

	4
	0.25
	0.10
	Dilute 10 ml of standard solution II to 200 ml with water

	5
	0.125
	0.05
	Dilute 5 ml of standard solution II to 200 ml with water

	6
	0.0
	0.0
	Water


These solutions may be stored in the refrigerator for a few days.

Start the pump and check the flow, all connections, tubings and debubblers with water running through the instrument. Turn on the photometers and the recorders (paper speed 10 mm/min.). Connect the tubings to the reagents and check that the baseline is stable.

Avoid air in the column containing the reducing agent. Therefore, do not connect the column to the pump before the apparatus is filled with liquids.

Fill the cups of the automatic sampler with samples and standard solutions. Sampling time is 90 seconds and rinsing time with water after each sample is 105 seconds. Start with the calibration solutions and run the calibration solution no. 1, 3, 5 and 6 between every tenth sample.

After analyses, run water through the system until all reagents are rinsed out. Turn off the recorder, photometer, sampler and pump, and loosen the tubings in the pump so they are not stretched.

Prepare a calibration curve by plotting the absorbances at 520 nm (each of the standard solutions against its concentration of nitrate).

Expression of results

Convert the recorder response (absorbance) of the sample to mg N/l by means of the calibration curves obtained just before or after the sample.

Interferences

Nitrite will interfere with the determination of nitrate.

References
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Determination of ammonium in precipitation

Ammonium may be determined together with the other major cations in precipitation if ion chromatograph equipment for cations is available. If not, the method described below is a good alternative.

Spectrophotometric by the indophenol blue method

Field of application

This method is applicable to the determination of the ammonium content in precipitation within the range 0.04 to 2.0 mg NH4/l.

Principle

In an alkaline solution (pH 10.4-11.5) ammonium ions react with hypochlorite to form monochloramine. In the presence of phenol and an excess of hypochlorite, the monochloramine will form a blue coloured compound, indophenol, when nitroprusside is used as catalyst. The concentration of ammonium is determined spectrophotometrically at 630 mn.

Instrumentation

· Spectrophotometer

· Optical cell, 10 mm. If more than one cell is used, the cells should be matched photometrically

· Water bath with thermostat, 50 °C

· Test tubes:
30 ml

· Volumetric flasks:
10, 500 and 1000 ml

· Pipettes:
1.0, 2.0, 4.0, 5.0, 10.0, 20.0, 25.0, 50.0 ml.

· Micropipette:
250 µl

Chemicals

During analysis, use only chemicals of recognized analytical grade. The water used for dilution and rinsing should be double-distilled or de-ionized and distilled.

· Phenol (C6H5OH)

· Sodium nitroprusside (Na2Fe(NO) (CN)5 · 2H2O)

· Sodium hydroxide (NaOH)

· Sodium hypochlorite solution (NaOCl) 1M:

· Make a solution containing approx. 3.5% active chlorine (35 g/l) in 0.1 M NaOH (e.g. British Drug House no. 23039)

· Ammonium chloride (NH4Cl)

· Sodium thiosulphate (Na2S2O3)

Reagents

(1)
Reagent A:


Dissolve 3.5 g phenol and 0.040 g sodium nitroprusside in 100 ml water. Store the solution refrigerated in the dark. If the colour of the solution turns greenish, it must be discarded, and a fresh solution prepared.

(2)
Reagent B:


Dissolve 1.8 g sodium hydroxide in some water in a 100 ml volumetric flask. Add 4.0 ml 1 M sodium hypochlorite solution, and dilute with water to the mark. Store the solution refrigerated in the dark. If the solution is stored for weeks, the concentration should be checked by titration with a sodium thiosulphate solution.

(3)
Standard ammonium solution I, 100 mg NH4/l:


Ammonium chloride must be dried for one hour at 100 °C.


Dissolve 0.2965 g of the dried salt in water in a 1000 ml volumetric flask. Dilute to the mark with water. The solution is stable for six months when stored in a refrigerator.

(4)
Standard ammonium solution II, 4 mg NH4/l:


By means of a pipette, transfer 20.0 ml of standard ammonium solution I to a 500 ml volumetric flask. Dilute with water to the mark. This standard ammonium solution, and the ammonium solutions made for preparing the calibration curve, must be freshly made.

Calibration

Preparation of calibration curve:

(1)
Transfer to 100 ml volumetric flask 0.0, 1.0, 2.0, 5.0, 10.0, 25.0 and 50.0 ml of standard ammonium solution II. Dilute to the mark with water. The concentrations of these solutions are 0.00, 0.04, 0.08, 0.2, 0.4, 1.0 and 2.0 mg NH4/l. Transfer 5.0 ml of each of these standard solutions and 5.0 ml of water to a 30 ml test tube.

(2)
Add to the test tube 250 µl reagent A using a micro pipette, and mix well. Add then 250 µl reagent B using a micro-pipette and mix well. Cover the opening of the tube with some inert material. Place the tube in the water bath at 50 °C for two hours.

(3)
Cool the solution to room temperature, and transfer it to a 10 mm cell. Measure the absorbance at 630 nm.

(4)
Prepare a calibration curve by plotting the absorbance of each of the standard solutions against its concentration of ammonium. Prepare a new calibration curve for each series of samples.

(5)
In order to check for ammonium in the reagents, take a photometric reading of the blank (0.00 mg NH4/l) against water. The absorbance should not exceed 0.020.

Analytical procedure

Transfer 5.0 ml of the sample and 5.0 ml of water to a 30 ml test tube. Proceed according to Section 4.4.1.6 (2) and (3). Convert the spectrophotometric readings of the sample to mg NH4/l by means of the calibration curve. The concentration may be expressed as mg N/l by multiplying with 0.778. Samples containing more than 2.0 mg NH4/l must be diluted. With suitable equipment the “Indophenol method” can be made automatic. A detailed description is given in Section 4.4.2.

Interferences

Iron (III) may interfere if the concentration is more than 2 mg/l. This concentration of iron (III) does not occur very often in precipitation samples.

If the pH-value of the sample is lower than 3, the sample should be neutralized.

If the sample is turbid, both the sample and the blank should be filtered through a white band filter.

References

Koroleff, F. (1970) Direct determination of ammonia in natural waters as indophenol blue. In: Information on Techniques and Methods for Seawater Analysis. Charlottenlund, Internat. Counc. Exploration of the sea (Interlab. Rept. 3). pp. 19-22.

Automatic spectrophotometric determination of ammonium by the indophenol blue method

Field of application

This method can be used to determine the concentration of ammonium within the range 0.05 to 2.0 mg NH4 /l. 

Principle

The basic principles are the same as for the manual methods (see Section 4.4.1).

The reaction between ammonium and hypochlorite in an alkaline solution (pH: 10.5 to 11.5) gives monochloramine. In the presence of phenol and an excess of hypochlorite, the monochloramine will form a blue coloured compound, indo​phenol, when nitroprusside is used as catalyst. The concentration of ammonium in the solution is determined spectrophotometrically at 630 nm.

Instrumentation

· Peristaltic pump, 20-channels

· Automatic sampler with 4 ml cups

· 2 Photometers for measuring absorbance at 520 nm and 630 nm

· 2 recorders

· Oil bath with hermostat, 70° C

· Flexible tubings, connecting tubes, pulse suppressors, debubblers, mixing coils and reduction column (Figure 4.4.1).

· Pipettes: 50, 25, 20, 10, 5, 2.5 and 2 ml

· Analytical balance

· Desiccator
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Figure 0.1:
a)
Automatic determination of nitrate and ammonium in precipitation samples.


b)
Reduction column for the determination of nitrate in precipitation samples.

Chemicals

All chemicals must be of recognized analytical grade. The water used for dilution and rinsing must be double-distilled or deionized.

Potassium nitrate (KNO3)

Phenol (C6H5OH)

Sodium nitroprusside (Na2Fe(NO) (CN)5 · 2H2O)

Sodium hydroxide (NaOH)

Sodium hypochlorite solution (NaOCl) 1M: Use a solution containing approximately 3.5% active chlorine (35g/l) in 0.1M NaOH (e.g. British Drug House, no. 23039)

Ammonium sulphate ((NH4)2 SO4)

Sodium thiosulphate (Na2S2O3)

Reagents

Reagents for the determination of ammonium:

(1)
Dissolve 3.5 g phenol and 0.040 g sodium nitroprusside in 100 ml water. Store the solution refrigerated in the dark. If the colour of the solution turns greenish, a fresh solution must be prepared.

(2)
Dissolve 1.8 g sodium hydroxide in some water in a 100 ml volumetric flask. Add 4.0 ml hypochlorite solution and dilute with water to the mark. Store the solution refrigerated in the dark. If the solution is stored for weeks, it should be checked by titration with a sodium thiosulphate solution.


Dilute reagent (1) and reagent (2) with water 1:4 before use. These solutions must be prepared daily.


Standard solutions (for nitrate and ammonium):

(3)
Standard solution I, 500 mg NO3/l and 200 mg NH4/l:


Dry potassium nitrate and ammonium sulphate for 1 hour at 105 °C, and then cool for 20 minutes in a desiccator. Dissolve exactly 0.815 g potassium nitrate and exactly 0.735 g ammonium sulphate in water in a 1000 ml volu​metric flask. Dilute to the mark with water. Store the solution refrigerated in the dark.

(4)
Standard solution II, 5.0 mg NO3/l and 2.0 mg NH4/l:


Dilute 5 ml of standard solution I (3) to 500 ml with water in a volumetric flask.

Calibration and analytical procedure

Prepare a series of calibration solutions according to Table 4.4.1.

Table 0.1:
Calibration solutions for ammonium and nitrate.

	Calibration solution No.
	mg NO3/l
	mg NH4/l
	

	1
	5.0
	2.0
	Standard solution II

	2
	2.5
	1.0
	Dilute 100 ml of standard solution II to 200 ml with water

	3
	0.5
	0.2
	Dilute 20 ml of standard solution II to 200 ml with water

	4
	0.25
	0.10
	Dilute 10 ml of standard solution II to 200 ml with water

	5
	0.125
	0.05
	Dilute 5 ml of standard solution II
to 200 ml with water

	6
	0.0
	0.0
	Water


These solutions may be stored in the refrigerator for a few days.

Start the pump and check the flow, all connections, tubings and debubblers with water running through the instrument. Turn on the photometers and the recorders (paper speed 10 mm/min.). Connect the tubings to the reagents and check that the baseline is stable.

Avoid air in the column containing the reducing agent. Therefore, do not connect the column to the pump before the apparatus is filled with liquids.

Fill the cups of the automatic sampler with samples and standard solutions. Sampling time is 90 seconds and rinsing time with water after each sample is 105 seconds. Start with the calibration solutions and run the calibration solution no. 1, 3, 5 and 6 between every tenth sample.

After analyses, run water through the system until all reagents are rinsed out. Turn off the recorder, photometer, sampler and pump, and loosen the tubings in the pump so they are not stretched.

Prepare a calibration curve by plotting the absorbances at 630 nm of each of the standard solutions against its concentration of ammonium.

Expression of results

Convert the recorder response (absorbance) of the sample to mg N/l by means of the calibration curves obtained just before or after the sample.

Interferences

Iron (III) ions may interfere with the determination of ammonium if the concentration is higher than 2 mg/l. This does not often occur in precipitation samples.

References
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Flux measurements using chambers

Nitric Oxide- Nitrogen Dioxide- Ozone fluxes

The soil is a source and sink for NO / NO2.  These gases can be measured by chemiluminecence, as already described in the section ‘Nitric oxide, nitrogen dioxide and ozone concentration’. 

NO and NO2 are unstable gases in the atmosphere and it is important that the flux measurements are made in such a way that the chemical atmospheric reactions are minimised or measured. This can be achieved by:

a) Using a dynamic chamber system connected to a chemiluminescence analyser. The below figure shows the dynamic chamber used by Butterbach-Bahl and colleagues at IMK-IFU.

b) Using only inert materials for chambers and tubing. PTFE tubing is recommended for the sample lines, stainless steel, plexiglass and PTFE lined walls are recommended for chambers

c) Avoid long residence time inside the sample lines by limiting the maximum length of the sample lines.  

d) Simultaneous O3 measurements in order to calculate losses due to reactions with O3 (Butterbach –Bahl et al 1997: Nutrient Cycling in Agroecosystems 48: 79-90)

e) Including a control chamber, with a PTFE lined bottom plate, in order to measure any loss due to chamber surfaces
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Detailed accounts of NO flux measurements by dynamic chambers can be found in: 

Butterbach-Bahl, K., Gasche, R., Huber, C., Kreutzer, K. and Papen, H.: Impact of N-input by wet depostion on N-trace gas fluxes and CH4-oxidation in spruce forest ecosystems of the temperate zone in Europe, Atmos. Environ., 32, 3, 559-564, 1998. 

Butterbach-Bahl, K., Gasche, R., Breuer, L. and Papen, H.: Fluxes of NO and N2O from temperate forest soils: impact of forest type, N deposition and of liming on NO and N2O emissions, Nutr. Cycl. Agroecosyst., 48, 79-90, 1997.

Pilegaard, K., Hummelshøj, P., and Jensen, N. O.: Nitric ox​ide emission from a Norway spruce forest floor, J. Geophys. Res., 104, 3433-3445,1999

Methane & Nitrous Oxide
Methane and N2O are stable gases and air samples for this analysis can easily be stored for several days/ weeks in suitable gastight containers. The most common method to measure these gases is the static chamber method, were a small area of soil is enclosed by a chamber and sealed from the atmosphere for time x, in order to enrich the chamber with the gas of interest to measurable concentrations. Methane and N2O are usually analysed by gas chromatography. Recently photoacustic analysers and tunable diode lasers have also been employed. There are many chamber designs and ways of sealing the chambers during incubation. 

Chamber design
Size of chambers: Chambers used in the past are anything from 10 cm to 1 m in diameter. In Nitroeurope chambers should not be smaller than 25 cm diameter and any groups building new chambers should adhere to this policy. But, groups with existing chambers being smaller than 25 cm may continue using these smaller chambers. Potentially very large chambers (> 1m) may cause problems with static N2O measurements and are also very cumbersome.
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Chambers can be round / square and can be manufactured from plastics or metals. They may be transparent or opaque. 

Below a design used by several institutes in Edinburgh is described:

We use PVC drainage pipes (40 cm diameter, 9 mm thickness) sold by builder’s merchants. 

The pipe is cut into 20 cm length. A flange (ring, sold with the pipes, normally used to join two pipes together) is screwed onto one side and sealed onto the pipe with a weatherproof flexible sealant (used for bathrooms, window frames….). The bottom of the pipe is sharpened to promote insertion into the soil. 

Several designs of lids are used: 

In the above picture the lid is manufactured from a flange onto which a round sheet of plastic is taped, creating a flexible dome. The volume of the dome needs to be measured. 

The below left picture shows a drainpipe using a commercially bought end-cap as lid. In the right picture a flange screwed onto the pipe will seat the aluminium lid. 

On the down facing side of the lids a rubber seal is placed on a circle exactly matching the chamber ring. Closed cell neoprene rubber sponge strips are very good, but you can also use sticky backed tape draft excluder made from suitable materials. 

You require clips to fasten the lids onto the frame during sampling. 
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Chamber transparency: It is generally advised to use opaque, dark chambers if at all possible. In hot climates the lids may need to be painted white. To further minimise chambers heating up, close these for the shortest possible period of time. 

If the plants function as “chimneys” for the CH4 emission and stomata control the emission the chambers need to be transparent in order not to close the stomata during the measurements. 
Chamber location and stacking chambers: 

Chambers should be located in such a way, that they include representative samples of the plant ecosystem. If the vegetation outgrows the chamber (e.g. entire maize plants) you can increase its height by attaching a second chamber, containing a flange on both ends. One flange is required to attach to the original chamber and the second to seat the lid. There is a limit on how high the chambers can be. If the chamber volume becomes too large the concentrations of the gas of interest may be below the detection limit of the instrument. 

For very tall agricultural crops, for example maize, it may not be possible to employ stacking chambers throughout the growing season. In this situation chambers should be placed onto the soil between the crop in addition to placing some chambers over the crop during the early stages of crop growth.
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Sample port: The sample port can be drilled into the side of the pipe or into the centre of the lid. The inlet tube should extend into the centre of the chamber. Do not use nylon tubing, as this can emit N2O! A fully bonded polyethylene / aluminium tube, for example DEKABON' /'SYNFLEX'/ 'MALUFORM' , is very useful as it can be formed into the positions you require and is also not so prone to be damaged by mice and rabbits, and can be used for CO2 flux measurements. Three way taps with luerlock fittings, commercially used in the medical industry, can be used to seal the port when chambers are closed (see picture). 

Chamber installation: 

Chambers should be located in such a way, that they include representative samples of the plant ecosystem and represent the topography of the field or study area.

Chambers, or collars onto which a chamber can be attached during the measurement period, should be inserted into the ground several days before flux measurements are made. If possible chambers should remain in place for the entire measurement period (this can be years). 

To facilitate insertion of chambers into the ground we have a sharp metal cutting ring of same size as the chamber, which we use to create the groove in the soil, before inserting the more delicate flux chamber. You can also use a spade or knife.

On grazed grassland fields it is not an option to leave chambers in the ground continuously, because animals cannot graze and defecate freely and may also destroy the collar/chamber. In this situation chambers should only be in the field during the measurement period. It is essential that the same chamber location be used each time. This location can be found by marking it with plastic/metal discs (or wooden blocks) pushed flush onto the soil surface to avoid animal damage. On grass surfaces it is very likely that the groove created by the chambers will remain visible and it is not so disturbing to reinsert chambers into this groove on repeated occasions compared to the first time. Measurements probably can be made within one hour of reinserting the chambers; alternatively it may be possible to exclude animals from the chamber area for 1 day.

Number of chambers: For Level 3 sites 8 static manual chambers and a minimum of 1 autochamber can be employed. The autochamber should measure fluxes at least 4 times / day. Of course less static chambers are required if more autochambers are used. It is advisable to distribute the static chambers well across the whole field, but also within the dominant fetch of the eddy covariance CO2 measurements.

Manipulation sites: The number of chambers will to some extent be determined by the total number of study plots and whatever is feasible to do. A similar total number of chambers per treatment as used by level 3 sites would be advisable; and if there are not too many manipulation treatments, then two chambers / plot would be a good number.
Frequency of measurements: For level 3 sites static manual chamber measurements should be made weekly during the growing season. This intensity can be reduced to fortnightly measurements in the dormant period. But, for sites were only 1 or 2 autochambers are used, the intensity needs to be increased to daily measurements after fertilisation, manure spreading, freeze-thaw, rewetting after a dry period, harvest, ploughing or other peak events. Daily measurements should continue until the event directed emission peak has decreased to background levels. 

Manipulation sites Fluxes should be measured 20 times over the year. These 20 measurements should cover the general annual cycle plus provide measurements at key events of particular importance for the exchange of GHG’s at the particular ecosystem and climate (e.g. very dry and drought conditions, rewetting, freeze/thaw cycles, harvest & management activities, fertilisation). You should aim to provide response functions of GHG exchange to various driving variables rather than complete the GHG budget. A rough idea will be to measure at least once a month throughout the year (12 data sets) and in addition measure 8 more times at the most relevant times. Each site will have to provide an overview that describes their particular measurement plan.

Do we have to measure N2O and CH4, when fluxes are very small? All sites have to provide measurements of N2O and CH4 at the above frequency unless you can show that fluxes, even under optimal conditions, remain below detection limits of your instrument. Then for level 3 sites the measurement frequency can be reduced to a lower rate after discussion with the WP leader. For the manipulation sites the measurement frequency may be reduced to a seasonal measurement. 

Some sites will be a net sink for N2O or CH4. Characterising the sink strength of your ecosystem/ manipulation experiment is of course very valuable.
Storage containers for gas samples

Samples are typically stored in sample vials, PTFE bags or syringes. It is prudent that every lab carries out simple quality control checks, to insure that the storage system employed does not leak during storage and does not contaminate the sample. 

a) Commercially available pre-evacuated sample vials
These are offered by several companies and can only be used ONCE. Be careful: [image: image20.emf] 

some ‘vacutainers’ contain very high N2O concentrations!  Pre-evacuated vials with the brand name ‘Exetainer®’ from http://www.labco.co.uk/ are good, they can be stored for 1 month without loosing pressure and contamination is not a problem. They cost around Euro 300 for 1000 vials and are very light, therefore easy to post to the laboratory that can analyse N2O and CH4. It may be advisable to seal the vials further with candle wax, nailvanish, grease and other suitable sealants or store vials upside down in a waterbath. 

For each batch of vials you need to include a set of a minimium of 3 vials containing a known concentration of N2O/CH4. These vials should be stored for the same length of time and under the same conditions as your samples.
b) Sample vials evacuated before measurements by yourself
Unfortunately the size of sample vials you are going to use is constrained by the autosampler system employed. You may have to pre-evacuate the vials yourself. An evacuation system is easily built; you need a strong vacuum pump + meter and a series of connectors. Many groups use such systems with success. BUT, also many groups have used such systems and have moved away from it, as it is not easy to evacuate a series of vials to a constant vacuum and introducing the same volume of sample into each vial, without creating positive or maintaining negative pressure.  c) offers (to my mind)  a better methods:
c) Vials flushed with your sample
Instead of pre-evacuating vials, these are flushed with the sample to be analysed. The advantage is that the vials are always maintained at ambient pressure, therefore less likely to leak. This system is operated by RISØ (Per Ambus), by IMK-IFU (Klaus Butterbach-Bahl), by CEH (Ute Skiba) and by the University of Goteborg (Leaf Klemedtsson), who is using a battery operated little pump to flush the vials with the sample. 
At CEH we use 100 ml syringes to collect the sample and flush a 20 ml vial. Tests showed that flushing the vial with 5 times its volume is sufficient. The sample is introduced into the vial via a needle; a second needle inserted into the septum creates the outlet for the sample. Both needles need to be pulled out from the vial simultaneously. 
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d) Syringes
Glass syringes are expensive and need to be greased well, they can be stored for one day only. Most plastic syringes are not adequate for storage of longer than a few hours.

e) Tedlar bags

These are available from http://www.skcinc.com/prod/231-01-TCLP.asp. In the standard TEDLAR bags samples can only be stored for 14 days!
The Flexfoil Grab Bags have been designed specifically for holding low molecular compounds. The price for 5* 1 l bags is approx Euro 55. Tests at CEH have shown that foil bags either filled with N2 or with 1ppm N2O and 100 ppm CH4 kept their initial concentrations for at least 92 days (tests are still ongoing).
	· Gas impermeable 
· Chemically inert 
· Single stainless steel fitting 
· Convenient eyelet for storage 
· Designed exclusively for the TCLP Method 
· Low-cost 
· Custom bags available 
	[image: image10.jpg]





Measuring time and number of measuring points

Measurements should be done for just ½-2 hours dependent on the flux in the system. At high flux systems shorter total times can be employed.

Each measurement need to involve at least 3 and better 4 measuring points – 1 point at closure and 2-3 points distributed over the time of the chamber closure. The first measurement should be taken right before closure to avoid the first sample to be affected by the chamber closure.

The below procedure may be sufficient for some ecosystems and may be a solution if you are unable to take several samples during chamber closure 
Before starting chamber measurements your system needs to be characterised. You need to demonstrate that during chamber closure the concentration increase inside the chamber is linear. This should be done 3 times per year, you definitely need to check your linearity when you expect maximum concentration increases inside the chamber. This linearity check is done by closing the chamber for 3 hours and collecting a small sample every 15 min. 

For your standard operation procedure chambers should be sealed for the shortest possible time. The shortest time is the time after which your instrument will comfortably detect a difference in concentration between ambient air and chamber air. (ideally not longer than 1 hour). This time should also be within the linear part of the curve which you have created following the above procedure. 

You should take three to four air samples just before you close the chambers, if these are all situated within one field. Small concentration changes in well mixed air at the different locations within the field will be undetectable by the gas chromatograph.

Soil disturbance during chamber measurements

If your soil, peat is very spongy you should not walk on it, as you are likely to accelerate emissions into your closed chambers. You need to install boards in order to distribute your weight and reduce compaction.
Measurements
In the samples CH4 and N2O are measured on GC, using a flame ionisation detector  and electron capture detector, respectively. 

Chamber Volume Calculation

For flat surfaces, low even vegetation it is possible to calculate the chamber volume from chamber height measurements at several positions of the chamber perimeter and its centre. This method is not possible to use for very uneven surfaces and when large volumes of vegetation are enclosed, for example sphagnum or Caluna on moorlands or a cereal / maize crop in its later growth stages. Under these circumstances the chamber volume can be calculated by introducing a tracer into the enclosed chamber and measuring its dilution rate. 
Unfortunately the most convenient tracer to use is the rather long lived greenhouse gas SF6. SF6 occurs in nature at extremely low concentrations (<10-15 M), is chemically and biologically non-reactive and easily detectable at low levels using the standard GC-ECD method set up for analysis of N2O. On the chromatogram the SF6 peak appears perhaps a minute after the N2O peak.
This is the method we use at CEH Edinburgh for a roughly 14 l chamber volume:

If your chamber does not contain a stirring fan, place a small portable fan into chamber and seal. Pull out 1 litre of chamber atmosphere and replace with 1 litre of  100% SF6. Leave for 5 minutes for the SF6 to evenly distribute throughout the chamber without significant loss by leakage or absorption. Collect a chamber air sample and analyse for SF6 on the ECD. Calculate the volume from the rate of the dilution of the SF6 concentration; don’t forget to subtract the volume of the pump if this is only a temporary addition to the chamber.
We calculate the volume of the pump (and also that of our dome-shaped flexible lids) by the ‘rice crispy’ method. This is a standard volume displacement method, but using rice crispies instead of water. I f you can not buy rice crispies,  use polystyrene beads or any other non static lightweight low volume compound.
Flux calculation

The units we suggest for fluxes are: μg N2O-N/m2/h, μg CH4-C/m2/h

A negative sign  i.e. –3.3 μg N2O-N/m2/h) means that N2O is absorbed by the soil. 

Flux = (concentration in chamber (μg/m3) – concentration in air ug/m3) * chamber volume (m3)/ surface area of chamber (m2) * time of closure (h)

To convert ppm concentrations to μg/m3 you have to take into account the volume a gas occupies at standard temperature and pressure

For N2O-N : 1 ppm = 1* 1.16 μg/ m3 at standard pressure and 20oC

For CH4  : 1 ppm = 1* 0.67 μg/ m3 at standard pressure and 20oC

For CH4 – C : 1 ppm = 1* 0.5 μg/ m3 at standard pressure and 20oC

The flux calculation shows you that it is very important to measure the exact time of chamber closure and take enough samples for a representative ambient air measurement (without overdoing it)

Soil CO2 Emission

CO2 can very easily be measured on the gas chromatograph and also by dedicated, cheap CO2 analysers. The below paper describes the best systems to be used.  The full article can be obtained from the web. This measurement is part of the Carboeurope protocol and familiar to all partners.

There is a problem with soil CO2 (soil respiration) measurements on grasslands and moorlands. It is almost impossible to find suitable areas that are vegetation free. The choices for respiration measurements under such conditions are:

1) Measure soil + plant respiraton

2) Cut leaves/ grass blades to the roots and measure

3) Scrape the vegetation mat off and cover with a stone to avoid regrowth. Measure soil respiration from these areas. 

All methods have their problem. The least intrusive measurement is no 1. Whatever you will do, it is important to describe exactly how you took the measurements.
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Soil

General points on soil sampling







The aim is a representative soil sample from a given point and depth: 

An auger of a type suitable for the terrain is used, and at least 2 sample cores are taken from each site and /or depth, the duplicate samples are mixed to achieve uniformity and placed into a permanently labelled air-tight bag. The samples are transferred to the lab immediately for analysis. The pattern of sampling and the amount of soil required for analyses will be decided by the study director. Atypical areas of fields or plots should be avoided. In grass swards or crop sites remove surface vegetation and the top 1cm layer of soil before sampling.

Suggestion for the sampling design:Here is an example of a very good soil/litter sample strategy used by Sophie Zechmeister-Boltenstern’s group in Austria and other Nitroeurope partners 
6 plots (16 m2 each) around chambers :
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1 Sampling point  =  
litter layer





scetched as 









+






soil core

1 plot : 4 

sampling points pooled to 1 sample per horizon per plot

-----------------------------------------------------------------------------------------------------------------

1 Site (e.g. Schottenwald): 6 plots





· at each plot 4 litter samples (e.g. 25x 25 cm humus frames) should be taken  from the litter layer  and pooled

· at each plot 4 cores (approx. 7 cm dia, 7 cm deep) should be taken from the soil with steel cylinders and pooled 

resulting in 6 x 2 samples from each site (each one containing at least 300 g of mineral soil, or 150 g litter) packed in polyethylene bags, each one having the following label:


Sampling site: e.g. Höglwald

sampling date: e.g. 22. 03. 2002

plot number: e.g. 3 (from 1-6)

layer type: e.g. "mineral"

Soil description

Refer to FAO  (http://www.fao.org/ag/agl/agll/wrb/topsoil.stm) Topsoil Characterization for Sustainable Land Management with Annex A (Topsoil properties and their description) and 
Annex B (Examples)
Bulk density

It is best to conduct the measurement at soil water field capacity, or moderate water content. Do not carry out the analyses when soil are too dry. Two methods are given below, the coring method is advisable, but it is applicable only for soils where coring can be performed without compaction and where large stone are not present. In these latter cases, the excavation method is suggested. 

The core method:

A hammer/type or a hydraulic core sampler should be used for this method, in particular when density at different depths along the soil profile is measured. Alternatively, a thin-walled metal cylinder of known weight and volume can be used, and dried in oven together with the soil samples. In this case, the net soil weight is considered in the calculation below. 

Procedure:

Remove leaf litter from the soil surface and level the spot

Drive the core sampler, with an internal diameter of not less than 5 cm (up to 15 cm, is acceptable), into the soil to the desired depth. Keep a steady downward pressure to minimize compaction and disturbance.

Excavate the soil from around the cylinder, or lift it out of the soil, insert a shovel or trowel under the cylinder to prevent soil from falling out. Make sure that no major compaction occurred during excavation. If that is the case discard the core. If it is not possible to coring without compaction, perform the excavation method described below.

Carefully remove the soil core from the cylinder, on a metal try or tick plastic sheet, and cut the soil cores with a knife in the desired sample depth intervals. 

Record the height, and calculate the volume of each core sample in cm3 (V)

Dry at 105°C overnight, until there is no more mass loss, and record the weight in grams (W).

Calculation:

Bulk density (g/cm3) = W/V

The excavation method:

It can be used on any soil. A sufficient mass of clean, dry coarse sand and a volumetric cylinder are needed for this method.

Procedure:

Remove leaf litter from the soil surface, or any soil layer till above the depth at which density need to be measured, and level the spot

Dig a hole approximately of 10*10*10 cm, or down to the desired depth. 

Carefully collect all the excavated soil, that you will dry in oven at 105°C overnight, until there is no more mass loss, and record the weight in grams (W).

Fill in the hole by adding a known volume of the coarse sand. Ensure the sand surface is level with the surrounding soil surface and record the volume in cm3 (V).

Calculation:

Bulk density (g/cm3) = W/V

References: 

Anderson J.M., Ingram J.S. (1989) Tropical Soil Biology and Fertility: a handbook of methods. CAB International, UK. 

Elliott E.T., Heil J.W., Kelly E.F., Monger H.C (1999) Soil Structure and Other Physical Properties. Pp. 74-85. In: Standard soil methods for Long-Term Ecological Research. Eds. Robertson G.P., Coleman D.C., Bledsoe C.S., Sollins P. Oxford University Press, New York.

Soil Texture (in each layer)

Method: 5 classes without decarbonation

Determine the proportion of the following 5 particle size classes: 

Clay 

< 2 m

Fine silt
2 m – 20 m

Coarse silt
20 m - 50 m

Fine sand
0.05 mm – 0.2 mm

Coarse sand   
0.2 mm – 2 mm

1. Destroy organic matter using hydrogen peroxide. 

2. Determine fine fraction (<50 m) by 3 successive samples taken with a Robinson pipette.

3. Perform successive washings of sample to remove largest fine particles

4. Determine sand fractions by sifting under a flow of water

5. Add dispersant (NaPO3 + NH4OH) and carry out final dispersion under ultrasound.  Coarse sands (0.2mm) must have be removed by sifting.  

This method equivalent in accuracy to the traditional methods proceeding by simple agitation and is however more reproducible. The results are expressed compared to the mineral phase (the sum of the 5 fractions = 1000). 

pH in water (in each layer)

Soil pH is conventionally determined in water solution. In case soils undergo significant seasonal variation in salt content, a weak (0.01 M) CaCl2 solution is prescribed. A pH meter is needed for the analyses.

Procedure:

Weigh out 10g of air dry soil in a 50 or 100 mL beaker

Add 10mL of deionized water (or of 0.01M Ca Cl2) to the soil and mix well.

Let stand for 10 min

Swirl the suspension in the beaker and insert the electrodes into the suspension 

Read pH and record the value.

Rinse well the electrodes between reading.

Soil water content profile & water table

To determine the moisture content of soils either on a gravimetric or on a volumetric basis

Equipment:

Fresh soil sample.

Electronic top-pan balance

Unitherm forced draft, drying oven, operable at 105 deg. C.

Numbered oven trays

Data sheet.

Procedure –

The soil sample is mixed thoroughly to achieve homogeneity.

The mixed sample is then sub-sampled.

The empty weight of the numbered oven tray is recorded. (t wt)

A sub-sample of the material is placed in a tray.

The weight of the tray plus the fresh sample is recorded. (t+Wwt)

The tray is placed in the drying oven.

With the temperature set at 105˚C the sample is dried to a constant weight for 24 hours after which the tray is removed from the oven, allowed to cool and the weight of the tray plus the dry sample is recorded. (T+Dwt)

Gravimetric Moisture content is calculated by dividing Wwt by Dwt minus 1, to give unit’s g/g. 

                                                 ((t+Wwt)-t)/((t+Dwt)-t)-1 g/g

Volumetric Moisture content (MC).

 If the volume of soil is known, then a volumetric MC can be deduced by following the procedure above with the whole soil sample dried in a tray. 

 By subtracting the Dwt from the Wwt and dividing by soil volume (cm3) multiplied by 100 to get Volumetric MC%.                                                

                                                         ((t+Wwt)-(t+Dwt))*100/volume %

pF curve 

Five replications should be taken for each site and horizon. The tension splitting should be extended as followed: 1, 10, 30, 100, 1500 kPascal. However, the split partly depends on the texture, i.e. for a clay soil an additional measurement at 300 kPascal would be nice. The minimum requirement for stratification depends on the land use, soil type and soil depth. There is no easy recommendation. For a shallow soil, e.g. Rendzina, one horizon may be fine. For a deeply weathered soil we may need 4 or more horizons. Horizon definition depends on management (e.g. plough layer separately) and texture changes. There is no general recommendation. Each level 3 site should contact a soil scientist to decide on the sampling depths. If it is deep weathered soil sampling needs to go down to 1m.

Soil  mineral N concentrations (NO3-, NH4+)

Method: KCI Extract of Soils for NH4-N and NO3-N

Procedure  

Freshly sampled moist soil is sieved through a ¼" (5.6 mm) sieve.

10 g of the moist soil is accurately weighed and 50 ml of 1M KCI is added, (use a 50 ml measuring cylinder), this mixture is shaken for 2 hours. If possible shake immediately after weighing.  Otherwise store tightly capped under refrigeration.

After shaking filter through a Whatman No 40 fluted filter paper (150 mm diameter) which has been washed using a 25 ml aliquot of 0.25M KCI, immediately prior to filtration of the soil extract solution.

A 50 ml sample of the 1M KCI is also filtered providing a blank for analysis.

Retain the filtrates for the determination of NH4-N and NO3-N on the auto analyser.

N.B.
The top standard for NH4-N and NO3-N is 2 ppm.  Some samples may need to be diluted - use 1M KCI solution.

Solutions

(KCI of > 99.5% purity must be used)

1M KCI - Dissolve 74.56 g KCI in de-ionised water and dilute to one litre.

0.25M KCI - Dissolve 18.64 g KCI in de-ionised water and dilute to one litre.

A soil moisture determination is carried out using 30 - 35 g of fresh soil, recording the exact weight, drying in the oven at 105ºC overnight, and recording the exact weight of dried sample after cooling.

Results are expressed as mg/kg soil (OD) i.e. ppm (OD).

Preparation of samples for analysis of total N ,N15, total C and C13

Sample Preparation – all vegetation samples must first be milled using a hammer mill with a 1mm mesh then a sub sample of this ball milled to a flour-like consistency using a ball mill.

Preparation Area - Samples must be prepared in a clean environment. Use a 15*15cm square black or mirrored tile so as to show up liquid spills, finger prints and other contaminants.  Wipe clean this tile with acetone frequently also wipe all other equipment i.e. forceps, spatulas and balances

Tin capsules – Use the pre-cleaned tin capsules 6*4mm size purchased from Sercon Ltd (in UK)
Solid samples – Using the micro- balance weigh the tin capsule and tare this weight off. Place capsule on the clean black tile and transfer some of the ball -milled sample using a clean micro spatula into the capsule. Using a pair of forceps the end of the capsule should be pinched closed and turned over. Try to make the package ball shaped and ensure that no `fins` of tin stick out which may catch in the carousel mechanism. Pick up capsule (with forceps) and drop on tile to ensure that it is sealed properly and no sample spills out. Re-weigh package and record sample weight. 
Liquid samples – A small amount of clean inert support material (Chromosorb is best) is placed in a capsule and the liquid sample is added to this.  If an accurate amount of the liquid has been added by micropipette or syringe then weighing may not be necessary. Seal the capsule as previously described. Recommended not to use more than 20цl of solution.

Reference Material - Liquid references are the fastest and easiest to prepare. Known volume of the elememental N or elemental N and C are injected by syringe into a tin capsule containing Chromosorb. This reference should be previously analysed to ensure precise elemental and isotopic composition. Always choose a reference material that is most similar to the samples that are being analysed. Also use an internal reference eg. Flour, along with each set of 10 unknown samples as a way of checking the sensitivity of the machine.

It is advised not to exceed 10 unknown samples between references in a batch of samples as machine drift may effect results.  The software provides facilities for different referencing modes.

NO3- leaching

Method:

Suction cups (ceramic pots attached to a storage vessel) are inserted permanently into the soil below the rooting depth.

Samples are collected monthly.

Replicates: 9-12/ site bulked to 3 samples analysed for NO3 

An example of relatively inexpensive soil solution samplers (approx Euro 130 for 10) are the below small rhizon samplers made by http://www.eijkelkamp.com/. 

Here is an extract of the company’s description:

RHIZON SOIL MOISTURE SAMPLER

The Rhizon soil moisture sampler is a new and easy to use sampler. Rhizon soil moisture samplers are an alternative for sampling soil moisture with ceramic cups (Rhizon Soil Moisture Samplers = Rhizon SMS),
Advantages of the Rhizon SMS compared with the ceramic cups:

􀂉 Small diameter, 2.5 mm.

􀂉 Low dead volume, 0.5 ml.

􀂉 No ion-exchange properties.

􀂉 Available as complete system.

􀂉 Competitive price

The standard Rhizon SMS (see figure 1) consist of a 10 cm porous polymer tube connected to a 10 cm PVC tube and a Luer-Lock (L-L) male connector. With each Rhizon SMS a cap is supplied to protect the L-L connector from dirt etc.

The porous polymer (and 5 cm of the PVC tube) is strenghtened by a 15 cm stainless steel wire. The stainless steel wire is connected to the end of the porous polymer. A sample is obtained by connecting a vacuum tube (or a vacuum produced by a syringe).


[image: image11.png]


 Figure 1: Rhizon soil moisture sampler hydrophilic porous polymer stainless steel wire PVC tube Luer-Lock connector

Dipwells

The dipwels are made from rigid, black plastic pipe (Alan C will be able to provide more detail, as the pipes were salvaged from Deepsyke). The individual dipwells were cut to a Length of 700 mm: ID 40.0 mm, OD 44.0 mm.  Along the length of the 700 mm pipe, 2 parallel lines of 4 mm round holes were  drilled (holes drilled at 50 mm intervals along the length of the dipwell  i.e. 13 holes along each parallel line). The dipwells were sunk into the peat at Whim to depth of between 500-550 mm. The remaining  part of the pipe (which above the ground surface level  to a height of 150-200 mm) allowed the dipwells to be located.  A rubber bung was placed in the opening of the dipwell to stop precipitation splash from the surrounding vegetation and also to stop debris from entering the dipwell.  The water table depth in the dipwell is measured using device designed by Alan C. However, I  think these are commercially available.

Vegetation
Plant potential productivity & herbage characteristics under continuous grazing

Plant potential productivity is estimated using exclosure cages. 

Procedure:

Surface sward height is measured inside the area where the cage will sit

Cut the vegetation at 5 cm height

Sort the cut vegetation into green and dead material, legumes and non-legumes 

Measure the leaf area and N content of the green material. 

The exclosure cage is placed and the vegetation is allowed to regrow for 3 weeks. 

Cut the vegetation again at 5 cm height 

Measure dry biomass

Select new location for the cage, then repeat steps 1 – 8.  

Replicates:

Several cages should be in use simultaneously to cover the spatial variability in the field.  We intend to use 1 per hectare. 

Exclosure cages design: 

The design of the exclosure cage can vary, but must be sturdy enough to prevent cattle from moving the cage or from eating the grass through the cage.  

Suggested dimensions are 1m x 1m for width and length. The height should be the maximum vegetation height + 10cm, at least.  The corner posts of our cages will also have a 30cm spike for installing into the ground to anchor it in place to prevent cattle from moving the cage and accessing the grass. 

Still to do: any volunteers? 

Leaf area index & herbage state

Tissue C

· sampling procedure

· sample preparation procedure

· analytical procedure

Tissue N

· sampling procedure

· sample preparation procedure

· analytical procedure

Plant species composition

This is particularly important for forests, moorlands and unfertilised grasslands.  
We should use the term bryophytes instead of mosses, in order to include also hepatics.
Yield
Aboveground biomass

Biomass monthly for agriculture (change from mandatory measurements) cut 10cm 2  sort out live from dead, measure both, dry at 80oC for 3 days, reweigh and measure dry weight and dead and live biomass. 

· Canopy Height:  fortnightly
· Biomass: quadrants inside and outside the cages (3 cages on south and north field, respectively) ( 12 samples for fresh and dry weight; only outside cages samples sent off for C/N analysis

( sample frequency: monthly

· LAI: destructive from a subsample taken for biomass after determining fresh weight 

( sample frequency: monthly

Harvested biomass

Residues after management 

Wood biomass

Wood increment

Standing leaf biomass
Fine and coarse root biomass 

These measurements are not required 

Leaf (litter) production
Littermass 
Min and max littermass requires 2 measurements in November (Max) and in March(Min??)
How to measure litter mass
The % contribution to the system of trees, bushes, understorey trees, grasses, shrubs and field layer bryophytes can be identified by manual separation after litter collection?
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